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ABSTRACT: NMR is very well suited to the study of especially weak protein-protein interactions, as no
crystallization is required. The available NMR methods to this end are reviewed and illustrated with
applications from the recent biochemical literature: intermolecular NOEs, cross-saturation, chemical shift
perturbation, dynamics and exchange perturbation, paramagnetic methods, and dipolar orientation. Most
of these methods are now routinely applied for complexes with total molecular mass of 60 kDa and can
likely be applied to systems up to 1000 kDa. A substantial fraction of complexes studied show distinct
effects of induced fit affecting structural and dynamical properties beyond the contact interface.

Until recently, NMR1 spectroscopy was probably best
known as a method to determine three-dimensional structures
of biological macromolecules without the need for crystal-
lization (for a recent review of many of the underlying
methods, see ref1). Currently, however, the study of pro-
tein-protein interactions by NMR appears to be the widest
application. This evolution became possible because of better
NMR equipment, development of more efficient isotopic
labeling schemes, especially perdeuteration (2), and the
advent of TROSY (3, 4).

Below, I review the literature showing that it is nowpos-
sibleto study relatively large complexes by NMR, but I start
with the question if it is alsodesirableto use NMR for such
studies. For this forum, it will not be necessary to review
how important protein-protein interactions are for biochemi-
cal processes in living organisms. The list of known protein-
protein interactions is already very long, but it will increase
dramatically in the coming few years, by virtue of two-hybrid

assays, functional genomics, FRET, and large-scale chip-
based proteomics. There is thus an overwhelming number
of complexes for which we need to know fine details of the
interface to understand how life is encoded and how diseases
can be cured. It is becoming clear that such detailed know-
ledge cannot be reliably obtained from the high-resolution
structures of the individual components. This is because these
structures do not disclose where the interactions take place
and because many proteins adapt their conformations dra-
matically to improve the fit. There are even extreme cases
of induced fit where one of the interaction partners is virtually
unstructured before the interaction takes place (5).

For now, NMR cannot compete with such spectacular
X-ray accomplishments as the structure determinations of
supramolecular assemblies such as the ribosome, proteosome,
and the transcription apparatus. However, not all important
complexes may crystallize, or they may not crystallize in a
biologically relevant conformation. This could especially be
the case when the interactions between the proteins are weak.
Many of the protein-protein interactions necessarily are of
weaker affinity for reasons of reversibility. For instance, the
cell recognition receptors CD42 and CD58 have aKd of only
90 µM (6). The ubiquitous SH3 domains that play such an
important role in the MAP signal-transduction pathway have
affinities of the order of 10µM for their cogent signals (7).
Although NMR is by no meanslimited to the study of such
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weak protein-protein interactions, the method is verywell
suitedto study weakly interacting systems, as no potentially
perturbing crystallization is required. The design of phar-
macological agents is aimed at obtaining molecules that bind
tightly and specifically to the intended target. In the process,
however, one often begins with compounds that bind much
less tightly. This has led to the development of a very active
area called structure-activity relationships by NMR, where
lead compounds with affinities as low as 10 mM can be
rapidly screened for interaction with the active site of the
target protein (8).

Nuclear OVerhauser Effect.An unambiguous way of
mapping biomacromolecular interactions is the intermolecu-
lar nuclear Overhauser effect (NOE). The NOE measures
interproton distances with the basicr-6 distance proportion-
ality. NOE is the NMR equivalent of the well-known FRET
(9). Using NOEs, a full three-dimensional structure of the
complex is determined, using many precise NOE-derived
distance constraints between the two interacting partners, in
addition to the thousands of constraints within the individual
macromolecules. This method is only applicable when the
interaction between the molecules is relatively tight (Kd e
10 µM). Arguably the most powerful method to obtain the
intermolecular NOE is the isotope-edited NOE (10), also
named half-filter (11), which unambiguously discriminates
between NOEs within a macromolecule and between mac-
romolecules. This requires that the two interacting macro-
molecules have different isotopic labeling patterns. For
instance, one partner has no labeling (i.e.,1H, 14N, 12C) while
the other is labeled with stable isotopes, e.g.,1H, 15N, 12C or
1H, 15N, 13C or sometimes even1H, 2H,15N,13C. The principle
of distinguishing between protons residing on labeled and
unlabeled macromolecules is an essential ingredient of many
of the methods discussed and is explained in the Appendix.

The isotope editing methodology is naturally very well
suited for the study of labeled proteins and unlabeled nucleic
acids. An example is the complex of the lac repressor
headpiece protein with lac operator DNA, for which the high-
resolution solution structure of a 26 kDa trimolecular
complex has been determined (12). There are no crystal
structures of the lac repressor/lac operator system that show
how the protein-DNA recognition takes place. The NMR
NOE structure of a 38 kDa trimolecular complex of two
copies of the U1A protein with PIE RNA was determined
to high resolution as well (13). It revealed an induced fit in
the proteins upon RNA binding that allowed a previously
unpredicted protein-protein contact to occur, explaining the
cooperativity in regulation of polyadenylation by human U1A
protein.

An example of a full structure determination of a relatively
large protein-protein complex is theMr 40000 phosphoryl
transfer complex between the N-terminal domain of enzyme
I and HPr (14). Despite the availability of several NMR and
crystal structures of the individual proteins, no crystal struc-
ture for the complex has been reported. This high-resolution
protein-protein complex, determined by thousands of NOEs
(and residual dipolar couplings; see below), is an example
of almost perfect lock-and-key surface complementarity that
requires virtually no changes in conformation of the partner
proteins relative to that in their respective free states.

Such a lock-and-key result is not general for protein inter-
actions. An example to the opposite is the translation initi-

ation factor eIF4G1, which undergoes an unfolded to folded
transition upon binding to cap-binding protein eIF4E (5).
Also, the interaction between 4E binding protein 1 and the
initiation factor eIF4E, which inhibits translation, is an
induced fit to a completely disordered protein molecule (15).
A recent example using the full NOE method on systems
pertaining to intracellular signal transduction is the work
describing the complex between fragments of SNT adapter
proteins, fibroblast growth factor receptors (FGFRs), and
neurotrophin receptors (TRKs) (16). The complex is of
moderate affinity (10µM), and no crystal structures are
known. The NMR structures show that the PTB domain of
the SNT adaptor interacts with FGFRs or TRKs much closer
to a lock-and-key fashion than the examples above and
revealed how SNTs serve as molecular switches to mediate
the interplay between FGFR and TRK signaling.

Cross-Saturation.A new application, called cross-satura-
tion, obtains low-resolution, but highly relevant, interface
information quickly (17). Cross-saturation is governed by
the same physical processes as the NOE experiment. The
donating partner protein is not labeled, while the observed
protein is perdeuterated and15N-labeled, but its amide
deuterons are exchanged back to protons. The NMR experi-
ments starts with a steady-state saturation of, exclusively,
all aliphatic proton resonances of the donating partner. Cross-
relaxation carries the saturation from the donor to the
acceptor protein amide protons, where it is detected using a
15N-1H HSQC or, for larger proteins,15N-1H TROSY.
Those acceptor15N-1H cross-peaks that change in intensity
upon the donor saturation are very likely to be close to the
intermolecular interface. When the structure of the acceptor
protein is known from either X-ray or NMR and when its
15N-1H resonances are assigned, the acceptor side of the
interface is known. The labeling can be reversed to obtain
the other interface. This experiment is robust in the sense
that only protons close to the interface will “light up”, even
if long-range conformational changes occur. Because of
its experimental simplicity, the method can be widely
applied.

As stated above, the NOE-based methods only work when
complexes are relatively tight (10µM or tighter). One reason
for this is that weaker complexes are probably best described
by an ensemble of interconverting structures, for which the
concentrations of the individual structures are too small to
give rise to detectable NOEs. The cross-saturation experiment
promises to be more sensitive for weaker interactions than
the two- or three-dimensional isotope-edited NOE, because
longer magnetization transfer times can be used. This was
recently demonstrated for the interaction between flavodoxin
and a domain of methionine synthase with aKd of ∼10 mM
(18).

Chemical Shift Perturbation Mapping.Chemical shift
perturbation is the most widely used NMR method to map
protein interfaces. In a nutshell, the15N-1H HSQC spectrum
of one protein is monitored when the unlabeled interaction
partner is titrated in, and the perturbations of the chemical
shifts are recorded. The interaction causes environmental
changes on the protein interfaces and, hence, affect the
chemical shifts of the nuclei in this area. The methods are
well reviewed in, e.g., refs19 and 20. In some cases, as
illustrated above, the entire protein may change conforma-
tion, and all shifts may be affected; then the chemical shift
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perturbation fails as a mapping device but is an excellent
indicator of allosteric processes (21, 22).

An early application of modern shift mapping for the
delineation of protein-protein interfaces appeared in 1993,
when the surface of HPr with the A-domain of eEnzyme II
was mapped independently by two groups by titrating the
unlabeled A-domain into a solution of15N-labeled HPr (23,
24). Another early report was the identification of the contact
surface of a streptococcal protein G-domain with a human
Fc fragment (25). The RAS-RAF system is one of the
prototypes of signal transduction. In 1995, the interaction
surface of c-RAF-1 with Ras-GMPPNP was mapped by
NMR (26). This study provided important complementary
information to the wealth of structural data available for the
RAS side of the complex.

Chemical shift perturbations are very sensitive to subtle
effects. For instance, these methods allowed the novel find
that zinc fingers can, in addition to their DNA-binding
function, also display protein-protein interactions between
them of rather modest affinity (10-5 M) (27). Shift perturba-
tion has also identified how a fibronectin-binding protein
from Staphylococcus aureusbinds with a module pair from
the N-terminal region of fibronectin (28). Both involved
molecules are rather floppy individually but become more
ordered in the complex even though the affinity of binding
was very weak. Chemical shift mapping is obviously not
limited to protein-protein interactions. A current example
of the mapping of the interaction between proteins and
nucleic acids is the RNA recognition by the human U1A
protein (29). The interaction interface of proteins with
membranes was identified for cPLA2-C2 using shift mapping
with low molecular weight micelles (30).

One of the largest systems approached with shift mapping
to date is the interaction of a 10 kDa fragment of15N-labeled
Hsp40 (DnaJ) with a 44 kDa fragment of Hsp70 (DnaK)
and also with the complete Hsp70 (i.e., 80 kDa total) (31).
Only the beginning of the titration could be monitored as
too much broadening occurred when the full complex became
abundant, as no TROSY was used. However, this information
was completely sufficient to document the interaction surface
on DnaJ. The authors found that addition of MgATP largely
reversed the effects, a control experiment showing that the
monitored interaction is the biologically relevant one. Cur-
rently, the largest complex for which full chemical shift
mapping is carried out at stoichiometric ratio is the 51 kDa
complex of FimC-adhesin and FimH (32). Using TROSY,
the surface of FimC was mapped for the interactions with
the partner. As predicted by TROSY theory (see below), the
line widths of the FimC NMR peaks were very similar in
the 23 kDa FimC and in the 51 kDa complex.

To quantify the shift perturbation, most workers quote the
length of the vector that connects the two-dimensional end
points, normalized by typical shift ranges (25). Because of
the complicated relationship between structure and chemical
shift (33), the precise value of these normalization factors is
rather immaterial. In addition, one should view the quanti-
tation as a statistical measure only: the results are most
significant when a contiguous surface patch of shifting
resonances is obtained.

Generally, one cannot use chemical shift changes to predict
what exactly happens at the interface. However, ring current
shifts caused by proximity of aromatic residues are relatively

well understood (33) and can be used to filter proposed
complex structures for consistency. Especially the shift of
protein resonances caused by single aromatic residues on
small ligands can be used to locate the aromatic residue in
the binding pocket of enzymes (34).

Shift perturbation measurements just yield the locations
of the interfaces on the individual binding partners. It is then
still unknown how the partners interact on an atom-to-atom
basis. One approach may be to combine the NMR shift
mapping experiments with a few distance constraints ob-
tained from cross-linking or other experimental techniques
such as FRET or with one of the other NMR methods
described below. Another possibility is to use the NMR-
defined interface areas as an selection filter on computational
“soft-docking” programs (35).

Titrations with NMR. NMR spectroscopists carry out
titrations because this allows, in addition to the mapping of
the interface, a good estimation of the affinity, stoichiom-
etry, and specificity of binding as well as the kinetics of
binding. How the chemical shifts of the labeled protein
change during the titration is determined by the kinetics of
the interaction.

If the complex dissociation is very fast, there is, even
during the titration, only a single set of resonances whose
chemical shifts are the fractionally weighted average of the
free and bound chemical shifts. Here the resonances of nuclei
at the interface move in a continuous fashion during the
titration. This regime is referred to as fast chemical exchange
and is often observed for weaker interactions. One of the
many examples is given by ref18. It is a simple matter to
follow the resonances to their “bound” position and to extract
the binding constant by fitting the fractional shift against a
quadratic equation depending on total protein and partner
concentrations. The trajectories of the shifting resonances
in fast exchange are informative. If all two-dimensional
trajectories are linear and occur at the same rate, a single
binding event is indicated. If the trajectories for different,
resonances occur at a different rate, and/or if they are curved,
more than one binding site is implicated.

If the complex dissociation is very slow, one observes one
set of resonances for the free protein and one set for the
bound protein. During the titration, the “free set” will
disappear and will be replaced by the bound set. Most of
the resonances of the two sets will overlap with each other,
but the differences will mark the interaction interface. This
regime is referred to as slow chemical exchange. In slow
exchange one does not automatically know to which new
location the resonance has moved, unless one carries out an
independent assignment procedure for the bound state.
Consequently, one cannot easily quantitate the degree of
change. Some workers have approached this problem by
assuming that the new resonance which appears closest to
the “free” resonance corresponds to its bound state (36, 37).
In the slow exchange case, the binding constant can still be
quantitated by measuring the intensities of the disappearing
and/or appearing peaks as a function of the titration progres-
sion (21). Slow exchange processes are also accompanied
by kinetic line broadening effects which allow estimations,
or limits, on kinetic parameters to be made but which
complicate the extraction of affinities (21, 38).

In the intermediate chemical exchange case, the frequen-
cies of the changing resonances become poorly defined, and
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extensive kinetic broadening sets in (38). If the lines become
broad enough, the resonances may disappear from the NMR
spectrum. Here, the interaction interface becomes delineated
by progressively disappearing resonances. An example of a
titration in this regime is found for the binding of CD42 and
CD58 (6).

A rule of thumb is that interactions withKd <10 µM are
slow exchange and intermediate/fast exchange otherwise.
However, exceptions can be very dramatic: slow exchange
for the interaction of a peptide with a 500µM affinity was
measured for the Hsp70 chaperones (because of a slowkon)
(21), and fast exchange was encountered for the binding of
a phosphate compound to hemoglobin with an affinity of
around 1 nM (because of a multisite binding mechanism) (39).

The range of binding constants that can be determined in
a quantitative or semiquantitative way by NMR is set by
the concentration of the interaction partners that can be
observed by NMR. As a rule, quantitative measures can be
obtained forKd values within an order of magnitude of the
concentration of the studied species. Ultraweak affinities of
10 mM have been reported from NMR data of very con-
centrated samples (18). The high-affinity limit for quanti-
tative determination of the kDa by NMR lies currently
around 3µM. New, cryogenically cooled coil probes improve
NMR sensitivity by a factor of 3. Accordingly, NMR can
(soon) be used to measure dissociation constants from 10-6

to 10-2 M.
A good example of quantitative mapping is work on

troponin (40), which is a Ca-binding protein that interacts
with troponin I and is involved in muscle regulation. The
NMR titration with Ca2+ revealed that 2 equiv of Ca2+ binds
to troponin C with strong positive cooperativity and high
affinity. In this process, troponin C folds from a largely
unstructured state to a domain capable of interacting with
troponin I. Titration of troponin C in the presence of 2Ca2+

with a troponin I fragment occurs with a 1:1 stoichiometry
and with aKd of 2 ( 1 µM.

Mapping with Dynamics.In recent years15N relaxation
has been extensively used to describe the dynamics of the
protein backbone. Information is obtained on rapid fluctua-
tions at the pico- to nanosecond time scale (quantified in
order parameters), as well as information on motions at the
milli- to microsecond time scale (quantified in exchange
broadening). For a recent review, see ref41. Dynamics by
NMR is a large field by itself and may provide a link between
structure, function, and thermodynamics. Here, we are
interested in whether changes in dynamics upon intermo-
lecular interactions can be used to map intermolecular
interfaces. Currently, the message is mixed: for some cases,
dynamics becomes quenched in the interface; in others, not.
An example of the former is the interaction of the NSyp
SH2 domain, where residues involved in peptide binding
have order parameter values slightly below average in the
free state (describing enhanced picosecond to nanosecond
time scale dynamics) and which increase significantly upon
complexation. This indicates rigidification of the interface
(42). Similarly, comparisons of the15N-transverse relaxation
rates of the uncomplexed lipoyl domain with a complex
involving the E1 component of the pyruvate dehydrogenase
multienzyme complex showed a good correspondence be-
tween sites where a loss of fast motion occurred on binding
and the chemical shift perturbation map (43). In stark

contrast, and an example of the latter, is the interaction of
hydrophobic peptides with the hydrophobic contact area on
the PLCC SH2 domains, where no change in the dynamics
of the methyl groups could be detected using deuterium
relaxation experiments (44). It is argued that this represents
a retention of configurational entropy upon binding and hence
a contribution to high-affinity binding while maintaining
binding promiscuity.

An interesting discussion states that binding/active sites
show milli- to microsecond dynamics as a rule, which is
quenched upon intermolecular interaction (45-48). In this
vision, such sites are dynamically primed for induced fit
conformational changes, and a range of conformations is
dynamically sampled even without the actual interaction
taking place. Upon interaction, one subconformation is stabi-
lized, corresponding to a change in population levels of the
different conformations available to the protein. This is a
likely scenario, and the results with the PLCC SH2 domains
are perhaps an exception. Nevertheless, it appears that protein
dynamics is too much an intrinsic part of the binding process
to make it a reliable tool for interface mapping.

Mapping with Amide-Proton Exchange. A similar variety
in observations has been made for the mapping of protein
interfaces using the protection of amide-proton exchange.
Amide-proton exchange in proteins occurs upon transient
unfolding of structure, ranging from local to global (49-
51). Solvent accessibility to the transiently unfolded areas
allows the exchange of the amide protons for other protons,
or deuterons, to take place on time scales ranging from
minutes to months. It is to be expected that a protein-protein
interaction should shield the interface area from exchange.
For very tight binding interactions such as antibody-antigene
interactions, this is indeed the case. The epitopes of Der p 2
defined by monoclonal antibodies could be identified by
comparing amide-proton exchange rates in the absence and
presence of the antibodies (52). However, other observations
are that the amide-proton exchange rates become slower
for the entire protein upon interaction with a partner system
(53, 54) or that exchange changes occur far beyond the
interaction site (55). As for the dynamical studies, these
added complexities likely derive from the fact that proteins
are adaptable molecules, which change some of their
fundamental properties upon interaction.

Mapping with Paramagnetics.Certain forms of paramag-
netic mapping appear to be reliable tools for the delineation
of protein-protein interactions. Paramagnetic ions in solution
broaden the NMR resonances of the solute. The effect is
caused by transient dipolar interaction between the unpaired
electron spins and the nuclei in the solute. When the
electronic spins behave as free magnetic dipoles, no shifts
of NMR resonances occur, and the NMR broadening follows
a simple r-6 law. If a protein is placed in a solution
containing paramagnetic species, only its surface residues
will be affected by the paramagnetic broadening (56). This
was utilized to map the interaction between the catalytic
domain of matrix metalloproteinase 3 and its protein inhibitor
TIMP by comparing the amide-proton line broadening of
the metalloproteinase by paramagnetic gadolinium-EDTA
in the presence and absence of TIMP (55).

Mapping with Site-Specific Spin-Labeling.The free stable
radical nitroxide (spin-label) TEMPO can interact specifically
with cysteine groups engineered on the protein surface.
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TEMPO is extensively used in EPR site-specific spin-labeling
studies (57). For NMR, line broadening of the resonances
occurs proportional to ther-6 distance between label and
NMR nucleus.

This method was used to determine the antibody interface
with a spin-labeled peptide antigen (58). NOESY difference
spectra of the binding site region of a Fab fragment were
measured in the absence and presence of the spin-labeled
peptide. The line broadening in the spectra was measured
and converted to distance restraints to be used for the
calculation of a model for the TE33-peptide complex. These
methods were also used for the mapping of intermolecular
contacts of the chaperone protein DnaK with peptides (59).
A single Cys residue on the peptide was modified with an
iodoacetoamide TEMPO. The effect of peptide titrations on
the 15N-1H HSQC spectrum of the protein was monitored,
and a distinct and contiguous surface patch of disappearing
resonances on the surface of the DnaK chaperone protein
was detected.

Mapping with Pseudocontact Shifts.In many compounds,
the electronic magnetic dipole does not stay exactly aligned
with the external magnetic field when a molecule tumbles
in solution. The electron-nuclear dipolar interactions in such
molecules do not average to zero, and a residual electron-
nuclear coupling remains. Because of further averaging
processes this results in shifts of the NMR resonance
positions, an effect that is referred to as the pseudocontact
shift.

The pseudocontact shiftδ is given by

The parameterA contains the basic magnetic properties of
the nuclei and electrons and the temperature, and the terms
øax and ørhom give magnitude of the electronic magnetic
susceptibility tensor in two orthogonal directions. The angles
θ andφ are the polar angles between the electron-nuclear
vector and the long axis of the susceptibility tensor. There
are five unknowns in this equation; three of them,r, θ, and
φ, yield structural information.

Most studies to determine the structure of complexes using
the pseudocontact shift approach were carried out with
cytochrome heme proteins. Examples are the interaction of
plastocyanin with paramagnetic cytochromef (60), the
interaction of cytochromeb5 with paramagnetic cytochrome
c (61), and the interaction of yeast iso-1 cytochromec with
paramagnetic cytochromec peroxidase (62). In all of these
studies, the three-dimensional structures of the interacting
partners were known. The cytochromeb5/cytochromec
interaction is extremely weak (around 1 mM), and no three-
dimensional structure was known prior to the NMR study.

Typically, of the order of 50 resonances become perturbed
by the paramagnetic interaction in these complexes. Since
the structure of the monitor protein is known, this amounts
to 50 pieces of data relating to eq 1. The equation is thus
overdetermined and can be solved by a multiparameter fit,
and one obtains the distance andorientation of the para-
magnetic center on the other protein with respect to the
reporting protein. The process can be carried out to a very
high precision. For example, the location of plastocyanin
relative to cytochromef was obtained to a precision of 1 Å

(60). Similar methodology has been used to obtain the
position of an intercalating drug into the DNA minor groove
(63). The drug requires a divalent metal ion for complex
formation, which for this study was taken as the paramagnetic
ion Co2+. Pseudocontact shifts were quantitated, and the
structure of the complex was determined to a precision of
0.7 Å, even without the use of NOEs.

RelatiVe Positioning of Proteins Using Dipolar Couplings.
When a biomolecule tumbles isotropically in solution, the
dipolar coupling between the nuclei in a molecule fluctuates
but is on average zero. Recently, several workers have
realized that the tumbling can be made to be spatially
anisotropic. This happens when the protein aligns in very
high magnetic fields (64) or when the solution is made to
be anisotropic by dilute solutions of bicelles (65) or
filamentous phage (66), which form liquid crystals. The result
is that the dipolar interactions are not totally averaged to
zero and that small dipolar splittings are retained in the
solution NMR spectra (of the order of a few to a few tens
of hertz, representing a spatial anisotropy of 10-5-10-4.)

The resulting residual dipolar interactions are again given
by eq 1, but nowδ represents the residual dipolar coupling.
The factorA now describes nuclear properties (no temper-
ature), andθ andφ are the polar angles of the internuclear
vector with respect to the orientation of the protein in the
magnetic field.øax andørhom are now the magnitudes of the
residual dipolar interaction for vectors parallel with the
longest and second longest axis of the alignment tensor,
respectively. As above, the anglesθ and φ represent the
structural information. The distancer is generally a constant,
as it is common to measure the residual dipolar couplings
for NH vectors from differences in coupled15N-1H HSQC
spectra in the absence or presence of alignment. This method
is now used to obtain relative domain orientations in mul-
tidomain proteins (67, 68) or relative protein orientations in
multiprotein complexes (69). When the structures of the
individual proteins/domains are known, the relative orienta-
tions of all dipolar vectors within the individual proteins/
domains are given. The measured dipolar couplings, in turn,
reflect the orientation of the dipoles with respect to the
magnetic field. It is then possible to carry out a computer
procedure rotating these individual proteins/domains to fit
the measured dipolar couplings. If theøax andørhom are found
to be equal for the different proteins/domains, it strongly
indicates that the individual proteins/domains move together
as a single entity. Then, the orientations of the ordering ten-
sors (the axes) for the different molecules must be col-
linear, which defines the orientation of the individual
molecules with respect to each other. The method was for
the first time demonstrated for a true two-protein complex
with the 40 kDa complex of enzyme I and the histidine
phosphocarrier protein (69). While this complex had been
previously determined from thousands of NOEs (see above),
it was much more efficient to dock the molecules together
using only a few intermolecular NOEs and a few hundred
dipolar coupling orientational restraints for each of the
proteins. The methods have been implemented in a new
computer program (70).

Orientational constraints can also be obtained from aniso-
tropic 15N relaxation in proteins. The measurements to obtain
the relative orientation of domains are much more involved
but measure similar parameters. The relative orientation of

δ ) A

r3
[øax(3 cos2 θ - 1) + ørhom(sin2 θ cos 2φ)] (1)
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loosely connected subdomains in individual proteins, such
as the orientation of multiple zinc fingers in a larger
transcription factor (71) or the more rigid relative orientation
of SH2 and SH3 domains in a combined SH2-SH3
construct, have been determined with this method (72). The
methods hold promise to determine the relative orientation
of the components in larger molecular machines as well.
Computer programs to carry out the necessary math are
available (73).

Conclusions and Future Outlook.The easiest methods,
such as shift mapping and cross-saturation, give answers with
the lowest resolution. This is very valuable information if
the interaction interface was completely unknown before. If
detailed residue-specific knowledge is required, full NOE
structure determination, pseudocontact shift, and dipolar
methods need to be used. It is likely that especially the latter
method will play a major role in the determination of the
relative orientation of individual proteins in larger complexes.
All methods described can be combined with TROSY, a
method that overcomes the line broadening effects that have
stood in the way of the application of NMR spectroscopy to
really large systems. With TROSY, NMR lines remain
narrow for large molecules, and there is theoretically no size
limit to a 1H-15N shift correlation-type experiment anymore
(for reviews, see refs3 and 4). Of course, the spectra of
larger molecules may become too crowded to analyze, but
this can be overcome with selective labeling of individual
molecules in a large complex (as above). If the NMR spectra
of the individual proteins in the complex are still too
complicated to analyze, they can be selectively labeled either
at the residue level (74) or as subdomains (75). Currently, it
is difficult to predict what practical upper limit there may
be on the determination of protein interfaces by NMR, but
the future looks bright: it was recently shown (76) that well-
resolved1H-15N spectra can be obtained for the labeled
GroES (10 kDa) bound to the 60 kDa GroEL in an
intermolecular 14-mer. This is a complex of total molecular
mass 1000000 Da.

Appendix.Proteins can be easily and inexpensively labeled
with 15N by growing theEscherichia coliproduction strain
in a minimal medium, using15NH4Cl as the sole nitrogen
source. Isotopically15N-enriched rich media are available
as well from several vendors. The most common NMR
experiment carried out with a15N-labeled protein is the
15N-1H heteronuclear single-quantum correlation experi-
ment, or HSQC. The HSQC spectrum is a two-dimensional
map that correlates the chemical shifts of the amide protons
with the chemical shifts of the attached15N amide nitrogens.
The map contains roughly as many cross-peaks as there are
15N-labeled amino acid residues in the protein or complex
and thus serves as an excellent “fingerprint” of the protein.

The fundamentals of the experiment can be described as
follows (see Figure 1). The first radio-frequency pulse excites
the 1H NMR transitions and leaves them in a state of
resonance (coherence). For15N-coupled protons, this coher-
ence is subsequently transferred to the15N resonance though
a combination of the15N-1H scalar coupling and several
15N and 1H pulses during the timeTtr (drawn line). This
process of coherence transfer may be likened to a resonance
energy transfer, here mediated through the particular com-
bination of scalar coupling (provided by nature) and pulses
(provided by the spectroscopist). The coherence is kept on

the15N spins for a variable amount of time (see below) and
is subsequently transferred back to the protons through the
reverse process, after which it is finally detected and stored.
Essential is that the experiment is carried out twice using
opposite phases of the15N pulses. This inverts all subsequent
NMR signals, including the final1H signal. The results of
the two experiments are subtracted, and only those1H reso-
nances that have “experienced” a coherence transfer through
the 15N resonance (drawn path) have changed sign and are
thus added in the difference spectrum. Those are of course
those that have a scalar coupling to a15N nucleus, i.e., the
amide protons that reside in a15N-labeled protein. The other
1H signals not coupled to15N do not experience the15N
pulses and are subtracted out (dashed pathway). Thus, in a
complex of a labeled and unlabeled protein, only the amide
resonances of the labeled protein are observed. The one-
dimensional version of this experiment is called isotope filter.

By varying the length of the15N resonance time,t1, in a
systematic manner, the final1H signal is modulated by the
15N chemical shift, and a two-dimensional15N-1H correla-
tion spectrum is obtained after Fourier transformation. For
a more complete, but still semiclassical (vector and level
diagram) explanation the reader is referred to ref77 and for
a quantum mechanical derivation, to ref78.
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